Lab on a Chip
View Article Online

Published on 09 December 2016. Downloaded by University of Kansas on 15/02/2017 12:25:00.

CRITICAL REVIEW

View Journal | View Issue

Thermoplastic nanofluidic devices for biomedical
applications
Cite this: Lab Chip, 2017, 17, 362

Kumuditha M. Weerakoon-Ratnayake,†ae Colleen E. O'Neil,†be
Franklin I. Uba†b and Steven A. Soper*cdef
Microfluidics is now moving into a developmental stage where basic discoveries are being transitioned into
the commercial sector so that these discoveries can affect, for example, healthcare. Thus, high production
rate microfabrication technologies, such as thermal embossing and/or injection molding, are being used to
produce low-cost consumables appropriate for commercial applications. Based on recent reports, it is
clear that nanofluidics offers some attractive process capabilities that may provide unique venues for biomolecular analyses that cannot be realized at the microscale. Thus, it would be attractive to consider early
in the developmental cycle of nanofluidics production pipelines that can generate devices possessing sub150 nm dimensions in a high production mode and at low-cost to accommodate the commercialization of
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this exciting technology. Recently, functional sub-150 nm thermoplastic nanofluidic devices have been
reported that can provide high process yield rates, which can enable commercial translation of nanofluidics. This review presents an overview of recent advancements in the fabrication, assembly, surface
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modification and the characterization of thermoplastic nanofluidic devices. Also, several examples in which
nanoscale phenomena have been exploited for the analysis of biomolecules are highlighted. Lastly, some
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general conclusions and future outlooks are presented.

Introduction
Nanofluidic devices have become an ideal platform for investigating fundamental physical and chemical phenomena that
are not readily accessible at the microscale. These include
concentration polarization,1–3 nonlinear electrokinetic flow
and ion focusing,4,5 mass transport in geometrically confined
spaces,6,7 nanocapillarity,8 and electrical double layer (EDL)
overlap effects.1,9–11 Interestingly, these phenomena can also
be used to carry out unique processing capabilities to enable
bioassays that cannot be realized using microfluidics.
Early nano-based experiments utilized nanopores – structures whose depth is comparable to its diameter – as platforms for studying the transport properties of ions or mole-
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cules in confined space and the analysis of biomolecules.12–19
Recently, nanofluidic devices with one or two dimensions in
the nanometer scale, nanoslits or nanochannels, respectively,
are being used for a number of applications due to their flexibility in terms of shape and size with surface properties that
can be tuned to accommodate the required function.20,21
Because of the unique properties that arise when the
channel size is comparable to either the length scale of
electrostatic interactions in solution or the size of the molecules being transported through them, nanochannel-based
devices have garnered attention for applications such as
single-molecule analyses,17,22–24 molecular pre-concentration,5 chemical analyses of mass-limited samples,4,25 DNA
electrophoresis,26–28 desalination,29 nanofluidic diodes,30
real-time probing of biomolecules,31–35 ion transport,36 entropic trapping for DNA separations,37 electrophoretic separations,37,38 manipulation of single molecules,39 and control of
molecular transport and wall interactions.40,41
For several years, inorganic-based substrates, such as silicon, glass or fused silica, were commonly used for nanofluidics. Glass possesses well-established surface chemistry,
hydrophilic surfaces allowing for favorable wetting when
using aqueous solvents, good insulating properties, minimal
surface defects, non-deformability at high pressures and wellestablished top-down fabrication techniques.42,43 However,
the challenge with the use of inorganic substrates for
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nanofluidics is the sophisticated, and high-cost fabrication
technologies required to make devices.
Recently, thermoplastics such as polyĲmethylmethacrylate),
PMMA, polycarbonate, PC, cyclic olefin copolymer, COC, and
polyethylene terephthalate, PET, have become viable substrates for fluidic applications, especially microfluidics. The
use of thermoplastics is attractive due to the diverse and simple fabrication techniques that can be employed to produce
devices in a high production mode and at low-cost using
such techniques as injection molding or hot embossing.44–46
Even nanofluidic devices can take advantage of high production mode fabrication technologies to produce the relevant

devices, which includes nanoimprint lithography (NIL) or
compression injection molding.47–49 These replication-based
technologies have the potential to produce devices in high
production modes and at low cost.50–53 In addition, thermoplastics' diverse physiochemical properties and the availability of a wide range of simple activation techniques can be
employed to generate surface-confined functional groups54–58
to produce surfaces to accommodate the intended application.
In spite of the various fabrication techniques available for
producing nanochannels in thermoplastics, it is not until
recently that thermoplastics are being adopted as substrates
for nanofluidics. The slow evolution of these devices have
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been due to challenges associated with channel deformation and collapse encountered during device assembly – sealing
a cover plate to the patterned fluidic substrate – and insufficient understanding of surface charge effects on the transport
properties of molecules through thermoplastic nanochannels.
In this review, we describe basic phenomena associated with
the use of nanochannels for molecular assays, the fabrication
of nanofluidic devices using thermoplastic substrates, assembly of nanofluidic devices, and several applications for the analysis of biomolecules using nanofluidic devices.
Scaling effects on nanoscale transport
While microfluidics involves flow in channels with dimensions >150 nm, nanofluidics entails flow in slits with at least
one dimension (channels = two dimensions) ranging from 1
to 150 nm.59 A distinct feature of nanofluidics is that the relevant length scale is comparable to the range of surface and
interfacial forces in liquids, such as electrostatic, van der
Waals and steric interactions. As the dimensions of fluidic
devices approach the nanoscale, changes in the dominating
forces as well as the physics of the processes for fluid/particle
transport diverge from what is typically seen in channels with
dimensions >150 nm.60,61
Transport processes unique to the nanoscale arise from an
increase in the surface-to-volume ratio of the channel.60,61 Consequently, forces resulting from pressure, inertia, viscosity or
gravity that usually play a dominant role in microscale flows
become less dominate in nanofluidic devices while interfacial
forces such as surface tension, become dominant. Conlisk
et al.61 discussed the pressure drop (Δp) and applied potential
(V) for driving flow as a function of channel height for a nanoslit (Fig. 1). As the channel height is reduced from 80 nm to 10
nm and for a flow-rate of 1 μL min−1, the pressure drop in-

Fig. 1 Required pressure drop and voltage drop for nanochannels with
different channel heights. Nanochannel length and width are 3.5 μm
and 2.3 μm, respectively; zeta potential is −11 mV for 1 M NaCl solution.
Reproduced from Conlisk et al., Electrophoresis, 2005, 26, 1896–1912.
Insert shows the comparison between the parabolic and plug flow
profiles from the pressure-driven and electroosmotic flow, respectively.
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creases from 0.006 to 3 atm (∼50 000% increase), while the
voltage required to maintain this same volume flow rate increases by ∼560% (0.05 V to 0.33 V). Therefore, it becomes difficult to transport fluids in nanoscale systems via pressure
driven flow and easier to utilize electrokinetic (EK) flow.
Because the reduction in channel size increases the surfaceto-volume ratio, surface reactions are prevalent and surface
roughness gradually begins to contribute to the overall flow
dynamics.4,7,62–66 Previous theories on EK flow in microchannels utilizing Boltzmann distributions and the Poisson–
Boltzmann equation cannot be directly applied to nanochannels because the concentration of co- and counter ions in
nanochannels are unequal due to partial overlap in the electrical double layer (EDL).65 This requires the development of new
theories to explain EK flows in nanochannels. Furthermore, relevant theories are required to explain EK flow within thermoplastic nanochannels due to the non-uniformity of surface
charge arising from their amorphous nature.67
At the nanoscale, the EDL leads to non-uniformity in the
motion of the bulk solvent as well as non-uniform transverse
electric fields resulting in Poiseuille-like flow.4,62,64,66 This nonuniformity has effects on separations within nanochannels due
to the fact that analytes spend a significant time migrating
through the EDL.64 Counterions are more attracted to the wall
and their flow is impeded due to no-slip flow, while co-ions are
repelled from the wall and are thus, transported faster.4,62 In
addition, differences in flow based on size can be observed in
nanofluidic channels because smaller molecules approach the
wall to a greater degree and experience slower velocities compared to larger molecules.4 Also, at the nanometer scale, the kinetics of adsorption/desorption approach the time required for
diffusion forcing considerations of wall effects.64
Furthermore, concentration polarization can be observed
at the interface between microchannels and nanochannels
due to the increased flux of ions in the nanochannel
resulting from the perturbed transport of selected ions within
the EDL.4,62,64 When the EDL spans the dimensions of the
nanochannel, counterions are able to pass through the channel while co-ions are excluded resulting in the accumulation
of co-ions at the inlet of the nanochannel with an increased
transport of counterions.
Lower velocities may also be observed within nanochannels
when compared to microchannels due to EDL overlap62 and
electro-viscosity effects.62,68–70 The decrease in channel dimensions can cause the ratio of the apparent to true viscosities to
become as high as 1.3 depending on the material of the channel wall, spatial size and shape of the channel, ionic concentration, zeta potential, temperature, dielectric constant and other
properties associated with the liquid. This increase in viscosity
can result in an apparent decrease in the electroosmotic flow
(EOF) within nanochannels.69
Flow in thermoplastic nanochannels
Most fluid dynamics simulations involving nanoscale transport assumes a uniform surface chemistry, for example a
fused silica substrate that is highly ordered due to its
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crystalline nature. Thermoplastics, however, are amorphous
in structure and may have non-uniform surface chemistry.
Due to the high surface area to volume ratio associated with
nano domains and the small length scale, continuum theories are limited in their predictions, especially when taking
into account the random nature of the surface chemistry associated with thermoplastics. Thus, molecular dynamics
(MD) simulations are required to explain the fluid dynamics
at the nanoscale. For example, MD simulation studies by
Moldovan and co-workers explored nanofluidic systems with
smooth and rough Lennard-Jones walls using both gravity
and electrokinetic flow.71,72 According to their findings, there
was a difference in the adsorption/desorption times of
deoxynucleotide monophosphates (dNMPs), which allowed
separation of these molecules based upon their molecular dependent adsorption/desorption characteristics. One study72
suggested the potential to separate dNMPs based on their
molecular dependent electrokinetic transport properties in
nanochannels arising from the chemical inhomogeneity of
the channel walls when using high field strengths. The presence of high surface-to-volume ratios associated with nanochannels provided efficient heat dissipation when using high
electric fields for the separation. The authors further
suggested the use of Brownian dynamics (BD),73 which involve the calculation of potential mean forces (PMFs) between the dNMPs and the channel wall in 3-dimensions.
In a recent report, O'Neil et al. showed that non-uniform
charged surfaces resulting from surface activation (UV/O3 or O2
plasma exposure of the thermoplastic surface) can lead to
electrokinetic velocities that are both positive and negative (i.e.,
recirculation).67 However, this study used COMSOL Multiphysics,
a continuum flow based model, to simulate the experimental results,
which does not fully model the fluid dynamics at the nanoscale.

Fabrication of nanofluidic devices
Several reviews have discussed different techniques for the fabrication of nanofluidic devices.74–79 As such, in this review we will
only briefly introduce some common fabrication modalities used
for creating nanofluidic slits or channels. For the most part, the
fabrication technique adopted depends on the substrate of
choice, which may be inorganic (fused silica, glass, silicon nitride or silicon) or organic (elastomers or thermoplastics), and
the desired dimension of the nanostructures. For this review, we
will only briefly discuss fabrication modalities in inorganic substrates, such as glass, to serve as a comparison to thermoplastic
nanofluidic devices. We will not review device fabrication techniques for elastomeric-based devices.
Fabricating nanofluidic devices in inorganic substrates
Inorganic substrates have been widely used as substrates for
nanofluidic devices due to their established surface chemistry, excellent optical properties and well-entrenched fabrication techniques.76 Prominent techniques for the fabrication
of nanochannels in inorganic substrates utilize a top-down
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approach with direct writing via electron beam lithography
(EBL) followed by etching or focused ion beam (FIB) milling.
Over the years, several research groups have utilized EBL
and/or FIB to develop nanofluidic devices in inorganic substrates for the analysis of biomolecules or evaluating transport properties in nanofluidic channels.24,28,35,80,81
Other techniques for making nanofluidic devices in inorganic substrates include the use of nanowires as sacrificial
templates,82 conventional machining by etching of a sacrificial strip separating a substrate and the capping layer42 and
self-enclosing of nanochannels using a UV laser pulse.53 A
relatively new technique for the direct writing of sub-10 nm
structures into Si or other inorganic substrates is He ion
beam writing.83,84 In this case, low atomic mass He ions are
used instead of Ga ions with the concomitant less scattering
of He ions with respect to Ga ions resulting in the ability to
form nanostructures with much smaller dimensions.
The challenge with using inorganic substrates is the fact
that EBL or FIB must be used, in many cases, to make each
device thus prohibiting the use of nanofluidic devices for
most applications based on the cost of producing the device.
While a commercial entity does market glass or silicon-based
nanofluidic devices using deep UV lithography, the structure
size is limited to around 50 nm and the device cost is high
(www.bionanogenomics.com). Thus, alternative fabrication
strategies must be considered to realize better accessibility of
nanofluidic devices into the general research and commercial
sectors, especially in the diagnostic regime where disposable
devices are required due to issues arising from crosscontamination giving rise to false positive results.
Fabrication of thermoplastic nanofluidic devices
Thermoplastics are high molecular weight, linear or
branched polymers with a higher Young's modulus and a
wider range of physicochemical properties compared to the
elastomer, PDMS. The deformability of thermoplastics makes
them useful substrates for the fabrication of microfluidic
channels via hot embossing, injection molding, compression
molding, thermal forming or casting. Typical thermoplastics,
including PMMA, PC, COC and PET, possess glass transition
temperatures (Tg) that are significantly lower than that of
glass allowing for the fabrication of nanostructures at high
production rates, low cost and high fidelity using techniques
such as NIL. Furthermore, copolymers can be used as substrates for nanofluidic devices that have a range of
physiochemical properties arising from differences in the ratio of monomeric components used in them.85
Since its first report in the 1990s,86–88 NIL has been used
for the production of nanochannels in thermoplastics and
has demonstrated production of sub-10 nm structures. The
main advantage of NIL is the ability to build multi-scale patterns in a single imprinting step. Further details on NIL is
presented in a recent review by Chantiwas et al.76
Additional techniques for the fabrication of nanochannels
in thermoplastics includes direct proton beam writing,89
thermomechanical
deformation,90
compression
of

Lab Chip, 2017, 17, 362–381 | 365

View Article Online

Published on 09 December 2016. Downloaded by University of Kansas on 15/02/2017 12:25:00.

Critical review

microchannels,91 sidewall lithography and hot embossing,92
UV-lithography/O2 plasma etching,93 hot embossing with
PMMA molds,94 refill of polymer microchannels,95 and the
use of silica nanowire templates.96
For NIL-based fabrication of nanofluidic devices, the process begins by patterning access microchannels into a Si substrate using conventional optical lithography (see Fig. 2A).97
This is followed by FIB milling of nanochannels into the
same Si substrate containing the microchannels. This Si wafer is then used as a mold master, which has the same polarity as the desired thermoplastic device. Once the Si mold
master is produced, UV-NIL is undertaken to produce resin
stamps with the reverse polarity as the thermoplastic device.
These resin stamps are then used in a thermal-NIL step to
generate the finished thermoplastic device. The advantage of
this production process is that a number of nanofluidic devices (>100) can be produced from the same Si master without requiring to return to the optical lithography and FIB patterning tools, significantly reducing the cost of generating
nanofluidic devices.

Lab on a Chip

Assembly of thermoplastic nanofluidic devices
The aforementioned techniques for producing nanostructures in thermoplastics employ a top-down approach and as
such, an assembly step is required to enclose the fluidic network. Table 1 outlines literature associated with fabricating
thermoplastic nanofluidic devices and the bonding method
used to assemble the device. Bonding methods include
solvent-assisted bonding, thermal bonding and PDMS
sealing, for example. Sealing the device with a cover plate
must ensure a strong bond between the substrate and cover
plate as well as high integrity of the nanostructures following
assembly. When working with thermoplastic substrates several parameters must be considered when determining the
best sealing methodology, including the polymer solubility
and the Hildebrand parameter, the surface energy and roughness as well as the plastic's Tg.
Solvent bonding of thermoplastics takes advantage of the
polymer's solubility to entangle polymer chains at the point
of contact between the substrate and cover plate. The

Fig. 2 (A) A schematic of the design and fabrication process of a thermoplastic-based nanofluidic device. (a) Silicon master, which consisted of
micron-scale transport channels, nanochannels and a funnel-like inlet for the nanochannels; (b)–(d) fabrication steps to produce a protrusive polymer stamp in a UV-curable resin by imprinting from the silicon master; (e)–(g) fabrication steps to generate nanofluidic structures in PMMA by imprinting from the UV-curable resin stamp; (h) bonding step with a PMMA cover plate to build the enclosed mixed-scale polymer device with microchannels and nanochannels. (B) (a) Schematic of the protocol used for assembly of a hybrid fluidic device and the thermal press instrument. (b)
Temperature–pressure process profile showing the six stages for the thermal fusion bonding cycle. See main text for a description of the 6 stages
of bonding. Reproduced from Wu et al., Lab Chip, 2011, 11, 2984–2989 and Uba et al., Lab Chip, 2015, 15, 1038–1049 (with permission from The
Royal Society of Chemistry).
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Table 1 Various substrate materials, bonding methods and applications of thermoplastic nanofluidic devices

Thermoplastic

Dimension (nm)

Bonding method

Application

Ref.

PMMA

NIL

DNA stretching

Guo (2004)

PMMA
PMMA
PC
PMMA, COC, PC

300 × 500, 300 × 140,
72 × 120
200 × 2000
10 000 × 80
100–900 wide, 200
3000/7000 × 100

Thermal
Thermal
PDMS seal
O2 plasma assisted thermal bonding

Shao et al. (2006)
Abgrall et al. (2007)
Zhang et al. (2008)
Chantiwas et al. (2010)

PMMA
PMMA
PC
PMMA
PMMA, PET

240 × 1100
71 × 77
110 × 2000
400 × 400
89 × 84

Solvent assisted
O2 plasma assisted thermal bonding
PDMS seal
UV/O3 assisted thermal bonding
O2 plasma assisted thermal bonding

NA
NA
NA
DNA transport dynamics
and mobilities
DNA stretching
DNA stretching
Enzyme kinetics
Biosensor
NA

addition of a solvent leads to solvation of the thermoplastic
surface resulting in mobile polymer chains that can diffuse
across the solvated layer leading to entanglement of chains.98
The Hildebrandt parameter provides a measure of the cohesive
molecular forces providing key guidance in the selection of a
solvent for device bonding. One must ensure that immersion
of the substrate into the solvent does not lead to excessive solvent uptake, which may lead to channel deformation.98
The surface energy of thermoplastics makes certain direct
bonding approaches difficult. Often activation of the surface
is used to alter the surface energy allowing for a stronger
bond. This can be done with various approaches, such as O2
plasma or UV/O3 treatment.99–101 Although this treatment
may allow for improved surface energy for bonding, it may
also impart surface roughness on the substrate and cover
plate. When working on the microscale, this surface roughness may be inconsequential. However, surface roughness
may introduce unique flow dynamics at the nanoscale. Although some reports have investigated this effect, more research must be done to show the effects of increased surface
roughness on nanoscale fluid dynamics.85,102
Thermoplastics possess Tg's that are significantly smaller
than glass allowing for the fabrication of nanostructures
using high production rate modalities such as NIL. However,
low Tg's can be detrimental for thermal fusion bonding of devices during assembly. Thermal fusion bonding a cover plate
to the substrate possessing the fluidic network involves
heating the cover plate and substrate to a temperature near
the Tg of the material.103 Thermal fusion bonding is achieved
by either heating the substrate and cover plate to a temperature slightly above their Tg under a constant pressure and
time or bonding at a temperature lower than the Tg of the
material following UV/O3 or O2 plasma treatment prior to assembly.47,51,97,101,104 The former approach has been known to
result in significant nanochannel deformation while the latter results in devices with weaker bond strength. On the
other hand, solvent-assisted bonding can result in dimensional instability due to material embrittlement or dissolution.103 Unfortunately, these assembly issues can generate
low process yield rates, typically <40% (process yield rate =
percentage of devices that possess dimensions comparable to
design parameters).

This journal is © The Royal Society of Chemistry 2017

Cho et al. (2010)
Wu et al. (2011)
Wang et al. (2013)
Liu et al. (2015)
Cheng et al. (2015)

In a recent report (see Fig. 2B), thermoplastic nanofluidic
devices were developed at process yield rates >90% using a
robust assembly scheme in which a high Tg thermoplastic
substrate was thermally fusion bonded to a cover plate with a
Tg lower than that of the substrate.85 Device assembly was
achieved by bonding an O2 plasma treated cover plate to an
untreated substrate at a temperature ∼5 °C lower than the Tg
of the cover plate. COC (Tg = 75 °C) was used as the cover
plate for a PMMA (Tg = 105 °C) substrate due to its excellent
optical transmissivity, low autofluorescence,105,106 low moisture uptake (<0.01%), high temperature tolerance, and chemical resistance. Examples of nanofluidic devices made from
thermoplastics and assembled using this method are shown
in Fig. 3.

Relevant electrokinetic parameters
for nanoscale electrical transport
Electrokinetic transport of molecules in nanochannels is
influenced by several physical parameters that include the
EDL, zeta potential, surface charge density and the uniformity
of those charges, and the electroosmotic flow (EOF). These parameters will be discussed in the context of EK transport in
nanochannels in this section. A summary of EK parameters for
PMMA nanochannels can be found in Table 2.
An important factor determining transport processes is
the Debye length, λD. For a channel filled with a symmetrical
1 : 1 electrolyte, such as KCl, with ionic concentration c, λD
can be represented as;

(1)

where R is the gas constant (J mol−1 K−1), ∈0 is the permittivity of vacuum (F m−1), ∈r is the dielectric constant of the medium, F is the Faraday constant (C m−1), and T is temperature
(K). λD can range between 1 and 100 nm for electrolyte concentrations between 10 and 0.01 mM.59
The ratio of κa, where κ is 1/λD and a is the channel radius, has been used to describe the state of electroneutrality
of the bulk solution within a nanochannel/nanoslit.4,63 When
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Fig. 3 SEMs of Si masters (a, d, g, h, i, l and m), resin stamps (b, e and j) and nanofluidic devices imprinted in PMMA (c, f, k and n). The device in
a–c is a nanoslit device with a width of 1 μm and depth of 50 nm. In d–f, a device with a 120 nm × 120 nm channel is shown. In g–k, a nanofluidic
device with 40 × 40 nm channel is shown with a 40 nm thick Al layer that was deposited onto the Si master prior to focused ion beam milling,
which was used to generate the nano-structures. In l–n is shown a nanofluidic device with an approximate 20 × 20 nm channel with a 80 nm thick
Al layer deposited onto the Si master prior to focused ion beam milling. In all cases, the substrate used was PMMA (glass transition temperature =
105 °C). Figures a–f and m–n were reproduced with permission of The Royal Society of Chemistry from Uba et al., Analyst, 2014, 139. Figures g–k
and l are unpublished.

Table 2 Measured and expected EOF values as well as surface charge and zeta potentials for plasma-activated and amine terminated devices investigated at pH 7.8 Reproduced from Uba et al., Analyst, (2014) with permission of The Royal Society of Chemistry

Device
Nanoslit
Nanochannel
a

Terminating
groups

σs
(mC m−2)

ζ
(mV)

O2-PMMA
NH2-PMMA
O2-PMMA
NH2-PMMA

−38.3
28.4
−40.5
22.9

−57.1
45.8
−59.8
38.3

μeof (cm2 V−1 s−1)
Expecteda

Measured

4.53
−3.63
4.74
−3.04

0.93 ±
−0.82 ±
1.02 ±
−0.75 ±

0.025
0.012
0.017
0.021

Calculated from eqn (6) found in Uba et al., Analyst (2014)70 using the values for σs and ζ.
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κa ≫ 1, the solution towards the center of the channel is electrically neutral with a neutral electric potential and displays
the classically observed plug-like flow. However, for κa ≈ 1,
there is overlap of the EDL leading to an excess of counterions in the channel and loss of electroneutrality. In this case,
the flow profile adopts a parabolic shape and is regarded as
Poiseuille-like flow.
Surface charge effects play an integral role in transport
processes on the nanometer scale. Electrical conductance
measurements across nanochannels filled with ionic salt solutions has been used to evaluate the surface charge density,
σs. When an external electric field is applied across a nanochannel filled with an ionic salt solution, the measured total
electrical conductance (GT) has been represented as;
(2)
where w, L and h are the nanochannel width, length and
height, respectively, NA is Avogadro's number, c is the electrolyte concentration in mol L−1, n is the number of nanochannels in the device and μK+ and μCl− are the ion mobilities
(for KCl solutions, K+ and Cl− ions; μK+ = 7.619 × 10−8 m2 V−1
s−1 and μCl− = 7.912 × 10−8 m2 V−1 s−1). At high salt concentrations, GT is dominated by ions in the bulk solution and the
measured electrical conductance depends primarily on the
nanochannel dimensions and electrolyte concentration.7,107,108 However, at low salt concentrations, the nanochannels become predominantly filled with counterions and
σs governs the total ion conductance in the nanochannel.
As reported by Uba et al.,70 the measured |σs| of O2-modified PMMA nanoslits (1 μm × 50 nm; width × depth) was
∼38.2 mC m−2. This value was less than 60 mC m−2 reported
by Stein et al.109 and 214 mC m−2 reported by Schoch et al.107
for glass-based nanoslits measured at pH 8. However, surface
charge measurements performed in a nanoslit hybrid device
– PMMA substrate bonded to oxygen plasma treated COC
cover plate −|σs| was 57.3 mC m−2.85 The difference in surface
charge density was attributed to more carboxyl groups generated on COC compared to PMMA when treated under similar
oxygen plasma conditions.110,111 UV/O3 activation of the device post-assembly was reported to result in a 4.5% higher
surface charge due to the increase in the density of surface
carboxylates upon UV/O3 activation of the PMMA substrate.
The measured |σs| in PMMA NH2-modified nanoslits was
28.4 mC m−2. In the case of 120 nm × 120 nm nanochannels,
the surface charge densities were 40.5 mC m−2 and 22.9 mC
m−2 for the O2- and NH2-PMMA devices, respectively.
EOF is present in nanochannels carrying a surface charge
as is the case for microchannels. Several articles have
reported the EOF of nanochannels measured using the current monitoring method.112 Uba et al.70 recently showed that
the EOF of O2- and NH2-modified PMMA nanochannels were
1.02 ± 0.02 × 10−4 cm2 V−1 s−1 and −0.75 ± 0.02 × 10−4 cm2 V−1
s−1, respectively, as seen in Table 2. The values reported for
the O2-PMMA nanochannels were shown to be similar to that
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reported by Menard et al.28 for fused silica nanochannels
(≤100 nm in width and depth) measured using 2× TBE with
2% polyvinylpyrrolidone acting as an EOF suppressor (0.79 ±
0.01 × 10−4 cm2 V−1 s−1) and ∼36 ± 4% lower when compared
to fused silica channels measured with 2× TBE (1.58 ± 0.01 ×
10−4 cm2 V−1 s−1).

Nanochannels for the analysis of
biopolymers
Nanofluidic channels have been used for the analysis of biopolymers with DNA being the most reported. Most applications for DNA analysis involves DNA linearization by confinement induced by the nanofluidic device. DNA linearization
has been achieved using a variety of nano-systems including
nanoslits,101 nanochannels,113 and circular or diamond
shaped nanopillars.20,81,114 Unlike other linearization techniques, which exerts a high stretching force at an anchored
end that decreases along the length of the molecule, nanoconfinement allows the entire confined DNA molecule to be
exposed to the same confinement force.77
DNA confinement in nanochannels
The physical geometry of DNA molecules can be described by
three parameters; the contour length, Lc, persistence length, lp,
and the effective width, weff.115 Lc refers to the total length of
DNA when it is fully stretched while lp describes the local rigidity of DNA imposed by its double helical structure. On length
scales smaller than lp, a DNA molecule is considered rigid,
while it is flexible at length scales larger than lp. The lp and weff
of dsDNA in 0.1 M aqueous NaCl are ∼50 nm (150 bp) and
2 nm, respectively.116
In solution, a negatively charged polymer like DNA will occupy a finite volume of space, with an excluded volume around
itself preventing other molecules to enter this excluded volume
due to steric hindrance, repulsive effects and interactions with
the solvent. This self-avoidance was introduced by Flory117,118
and later generalized to the semi-flexible case by Schaefer
et al.119 According to Flory–Pincus, a biopolymer in solution is
characterized by the radius of gyration,

(3)

where RF, which is the end-to-end length, is represented as (lp ×
weff)1/5 Lc3/5. Based on eqn (3), RG would be ∼560 nm and 1140
nm for λ (48.5 kbp) and T4 (169 kbp) DNA, respectively.
Previous reports have shown that a DNA molecule confined in a nanochannel will stretch along the channel axis to
a substantial fraction of its Lc.120 Confinement elongation of
genomic-length DNA has several advantages over alternative
techniques for extending DNA, such as flow stretching or
stretching based on tethering. Confinement elongation does
not require the presence of a known external force because a
molecule in a nanochannel will remain stretched in its
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equilibrium configuration allowing for continuous measurements of length.80
In confined spaces, where RG is much larger than the geometrical average depth, Dav, of the nanochannel, the number
of available configurations of the polymer is reduced. Two
main confinement regimes exist that depend on differences
between Dav and lp. When Dav ≫ lp, the molecule is free to
coil within the nanochannel and stretching is entirely due to
excluded volume interactions between different coiled segments of the polymer separated along the backbone. Coiling
of the molecule can be broken into a series of blobs with diameter Lb, while the stretching is a result of repulsion between the blobs; this is known as the deGennes regime.121
Within the blobs, the confinement force is only a weak perturbation while each blob retains the property of the bulk
polymer. The extension length of the molecule, Rx, can be calculated using;

(4)

where

and is the geometrical average of the two

confining dimensions.
As the channel width decreases and Dav ≪ lp, the
stretching is no longer a result of volume exclusion but an
interplay between confinement and the intrinsic elasticity of
the DNA molecule. The strong confinement prevents the molecule from forming loops within the nanochannel. Back folding becomes energetically unfavorable and stretching becomes a result of deflection of the molecules with the
channel walls. The average length between these deflections
is of the order of the Odijk length scale; λp ≅ (Dav2 lp)1/3. This
regime is referred to as the Odijk regime.122,123 For a small
average deflection, θ, Rx is represented as;

(5)

Recent reports have revealed the existence of an intermediate region between the deGennes and Odijk regimes – extended deGennes regime – where the excluded volume interaction is weaker than the thermal energy.124,125
Effect of ionic environment of DNA stretching
According to Reisner et al.,120 variations in the ionic strength
affect the configuration of a DNA molecule by modulating
the range of electrostatic interactions between the charges on
the phosphate backbone. Electrostatic interactions in electrolyte solutions are screened over a characteristic scale known
as the Debye length. The geometry of DNA results in two
types of electrostatic interactions:80 (i) interactions between
charges separated in contours that create repulsion between
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back looping segments resulting in an effective DNA width
(weff) that is larger than the intrinsic width w0; and (ii) local
repulsive interactions between charges separated by less than
the Debye length in contour resulting in an increase in lp.
The mechanisms of these interactions determine the ionic
strength variation of the extension over an ionic strength
range.

Applications of thermoplastic
nanochannels
DNA analysis in polymer nanofluidic devices
In 2004, Guo and coworkers studied the stretching of DNA in
size-controllable PDMS-PMMA devices at 3 different nanochannel dimensions. T5 phage DNA was stretched in densely
packed nanochannel arrays with dimensions of 300 nm × 700
nm, 300 nm × 500 nm and 75 nm × 120 nm. They observed
stretching of 15%, 30% and 95%, respectively, in these devices showing channel size dependence on stretching as predicted by de Gennes and Odijk.126
PMMA and COC nanofluidic devices have been used for
DNA elongation as well. Thamdrup et al.127 measured the extension of DNA compared to theoretical models using T4
DNA (169 kbp; 54 nm in length). According to their theoretical calculations, dye-labeled T4 DNA (1 dye : 5 bp) has Lc = 70
nm and lp = 62 nm. For their experiments, DNA was electrophoretically driven one at a time into PMMA nanochannels
(250 nm × 250 nm). DNA extension (Lext) was recorded for 10
different molecules (Fig. 4A). The Lav of λ-DNA was found to
be 13.5 ± 0.5 μm, which agreed well with the calculated extension length (13.6 μm; 24% of the dye labeled length of T4)
predicted from the deGennes model. The uncertainty of the
average extension length was given by

,

where N is the number of frames analyzed. As they suggested,
average DNA extension deviation (σav) was strongly dependent
on small thermal fluctuations around Lav that could be
suppressed by analyzing multiple frames. Other factors such
as variation of cross-sectional dimensions of the polymer
nanochannels, variation of the degree of interaction and the
existence of several different lengths of DNA molecules may
have also contributed to the variation of Lav.
In 2011, Utko et al.49 was able to produce different nanoscale arrays of channels by injection molding onto a thick
COC disk. Three different arrays of nanochannels were produced, each with an array consisting of 80 nanochannels; 400
nm wide straight channels, 240 nm wide straight channels
and tapered nanochannels with decreasing width from 1040
nm to 140 nm; in all cases the depth was 150 nm (Fig. 4B).
Nanochannels were sealed with a 150 μm thick COC plate
using thermal fusion bonding. For the extension experiments, λ-DNA in 0.5× TBE buffer was used and the DNA were
electrophoretically moved into the channel and the field was
turned off to leave the molecule stationary within the nanochannel. The DNA molecule was fit to a Gaussian pointspread function to extract its position and extension, which

This journal is © The Royal Society of Chemistry 2017

View Article Online

Published on 09 December 2016. Downloaded by University of Kansas on 15/02/2017 12:25:00.

Lab on a Chip

Critical review

Fig. 4 (A) (a) Graphs showing the average extension length (Lav) of 10 different T4 DNA molecules. Lav has been measured 100, 250 and 400 μm
from the nanochannel entrance for each molecule. The inset shows a typical intensity time-trace of a T4 molecule confined inside a PMMA nanochannel. The scale bar is 10 μm and the time span is 50 s. (b) Histogram of the measured extension lengths (Lext) of DNA molecule 2 positioned
100 μm from the nanochannel entrance. The average extension length, based on an analysis of 500 consecutive frames, Lav = 13.4 μm and the
standard deviation σav = 1.0 μm. The dashed line shows the Gaussian curve fit. (c) Histogram of the measured average extension lengths of Lav
presented in (a). The overall average Lav was 13.5 μm with a standard deviation of 0.5 μm. Reprinted from Thamdrup et al., Nanotechnology, 2008,
19, 125301 with permission from IOP Publishing. (B) (a) SEM micrograph of a nickel plate with an array of 240 nm wide and 150 nm high protrusions. (b) Corresponding nanochannel array injection molded in Topas 5013. To avoid charging effects during SEM imaging, the chip surface was
sputtered with 5 nm of gold. (c) Three dimensional AFM image of a channel segment, taken for the same array as in (b). Adapted from Utko et al.,
Lab Chip, 2011, 11, 303–308 with permission of The Royal Society of Chemistry.

was then mapped to a specific location in the nanochannel.
They also studied the autofluorescence intensity of COC by
bleaching nanochannel areas by exposing it to a 200 W halide lamp for 20 min and did not find significant bleaching.
Their DNA stretching results suggested that the difference in
the DNA extension was not only due to thermal fluctuations
along the nanochannel, but also associated with the imperfection of the nanochannel profiles. The average extension of
DNA (r) was increased with decreasing channel heights
according to the results obtained from the tapered nanochannels. They measured the extension of DNA and calculated the power law dependence according to r ∝ Dav−α. They
found α = 0.76 ± 0.05, which agreed very well with the results
collected using fused silica devices (α = 0.85 ± 0.01), thus
confirming COC as an ideal substrate for DNA elongation
experiments.
Soper and co-workers explored DNA stretching in thermoplastic nanofluidic devices using both PMMA and COC substrates. Chantiwas et al.51 and Wu et al.97 illustrated the use
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of thermoplastic nanoslits (COC) and nanochannels (PMMA)
for DNA stretching. Chantiwas et al.51 reported that the low
EOF in COC devices negated the need for an EOF suppressor
compared to glass-based devices. At 25 V cm−1, translocation
velocities of λ-DNA were found to be 8.2 ± 0.7 × 10−4 cm2 V−1
s−1 for PMMA and for COC devices, it was 7.6 ± 0.6 × 10−4
cm2 V−1 s−1 in 7 μm wide and 100 nm deep nanoslits. DNA
extension lengths were measured to be 46% for PMMA and
53% for COC nanoslit devices compared to the full contour
length of a dye-labeled λ-DNA molecule. Wu et al.97 observed
increased elongation of DNA in 100 nm × 100 nm (∼50%)
and 75 nm × 75 nm (∼81%) nanochannels compared to
PMMA nanoslits as would be expected because of the smaller
size of the nanochannels compared to nanoslits.
Uba et al.70 recently discussed λ-DNA stretching in surface
modified thermoplastic nanoslits. Stretching of DNA was measured in the absence of an electric field. According to the
deGennes theory, stretching of ∼25% for λ-DNA would be predicted in a 100 nm × 100 nm nanochannel. They observed an
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elongation length of 6.88 μm (34%), which was higher than that
predicted according to the deGennes theory. The authors
suggested that the increased stretching was due to interfacial
surface forces arising from the charged nanochannel walls. One
interesting discovery in this study was the presence of “stickslip” motion at low electric fields and low buffer concentrations.
In 0.5× (44.5 mM) TBE, they observed “stick-slip” motion with
field strengths <150 V cm−1 suggesting the possibility for
dielectrophoretic trapping. When a charged molecule is in intermittent motion inside a nanochannel with a thick EDL, the
interfacial forces could likely be higher than the driving force,
resulting in “stick-slip” motion. At higher buffer concentrations
(2× TBE, 180 mM), DNA velocity had a linear increase with electric field strength suggesting the absence of dielectrophoretic
trapping.

Soper and coworkers reported efforts to stretch DNA by reducing the channel dimensions in thermoplastics. Fig. 5A
shows the stretching of T4 DNA in different sizes of plastic
nanochannels. In all cases, the signal-to-noise (SNR) ratio
was improved using a hybrid device consisting of a COC
cover plate and PMMA substrate.133 Fig. 5B shows DNA extension (ε) changes with Dav. Theoretical de Gennes regimes are
shown in the red dashed line and Odijk regime was represented as the blue dashed line (see Fig. 5B). When Dav was
larger than 200 nm, the experimental extension curve fit well
with the de Gennes regime and when Dav = 35 nm, it fit well
to the Odijk regime. However, stretching in nanochannels
with dimensions of 190 × 95 nm, 150 × 60 nm and 110 × 25
nm resulted in stretching that did not fit with either regime,
rather it fell between the two regimes (Fig. 5A; nc3 to nc5).

Genomic mapping within thermoplastic nanochannels

Thermoplastic devices for nanoelectrophoresis

One application of DNA stretching within nanochannels is genomic mapping.128–130 For mapping, molecular markers are
used to label sequence specific sites within the genomic DNA.
To facilitate mapping of specific sites within genomic
DNA, it is important to stretch the DNA to near its full contour length. Currently, commercial devices such as that
marketed by BioNanoGenomics fabricate devices in inorganic
substrates using deep UV lithography have been used for this
application.130,131 Das et al.132 used a Si device bonded with
glass to identify specific sequence variations in stretched
DNA. They investigated linearized 115 kbp circular DNA BAC
clones of MCF7-3F5 cells in 60 nm × 100 nm nanochannels
by achieving ∼65% DNA stretching with respect to its full
contour length. Even though optical genomic mapping has
been reported on Si-based devices, it is yet to be reported in
thermoplastics.

As previously discussed, unique phenomena such as EDL
overlap and increased surface area to volume arise in the
nanodomain. For this reason, efforts have been invested into
electrophoretic separations using nanoscale columns. Research has primarily focused on the use of fused-silica nanochannels/nanoslits due to the well characterized surface
chemistry that is highly ordered and homogenous; however,
fabrication of these devices is costly and time consuming.
Thus, investigations of thermoplastic nanochannels for nanoelectrophoresis are developing. Furthermore, investigations
to understand the effects of thermoplastic surfaces on nanoscale separations has been performed.
O'Neil et al.67 utilized super resolution microscopy to explore the heterogeneity of activated COC and PMMA substrates to understand the density and distribution of generated surface confined –COOH groups on thermoplastics.

Fig. 5 (A) Unprocessed representative frames of T4 DNA molecules elongated in enclosed hybrid-based nanochannel devices. Images were acquired at 10 ms exposure time with the driving field turned-off. Note that nc6 = 35 × 35 nm. (B) Log–log plot showing T4 DNA extension as a function of the geometric average depth of the nanochannels. The DNA extension was normalized to a total contour length (Lc) of 64 μm for the dyelabeled molecules. The red and blue dashed lines are the deGennes and Odijk predictions, respectively. The black solid line is the best power-law
fit to the data points obtained from the nanochannels with an average geometric depth range of 53 nm to 200 nm. Reproduced from Uba et al.,
Lab Chip, 2015, 15, 1038–1049 with permission from The Royal Society of Chemistry.
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Fig. 6 (A) Representative STORM images of 1 μm2 (a–e) COC and (f–j) PMMA exposed to 1, 5, 10, 15, and 20 min UV/O3 radiation, respectively.
Relative –COOH density vs. exposure time for (k) UV/O3 and (l) O2 plasma-modified COC (closed squares) and PMMA (open circles). Lines are for
visual purposes only. UV/O3 and O2 plasma exposure conditions were kept constant. All total localizations were normalized to the greatest localization density, which was for COC exposed to 10 s of O2 plasma. (B) (a) COMSOL simulation showing the electric potential (left) and velocity magnitude (right) for a channel with uniform surface charge; (b) velocity vs. axial (right) and longitudinal (left) position to show the EOF flow profile for
a channel with uniform surface charge; (c) one slice of the velocity magnitude of a uniform channel; (d) streamline of the same velocity slice
depicted in (c); (e) COMSOL simulation showing the electric potential (left) and velocity magnitude (right) where single point charges were mapped
onto the nanochannel surfaces using the –COOH locations (centroids) obtained by STORM analysis of a COC surface exposed to 5 min UV/O3 activation. (f) Velocity vs. axial (right) and longitudinal (left) position to show the EOF flow profile for the channel with non-uniform surface charge.
The colors in the velocity vs. Z position graph (right) represent an area in the channel with >5 (red), 3–4 (blue), and 1–2 (yellow) –COOH group(s)
within 20 nm of each other. (g) One slice of the velocity profile to show fluid flow recirculation. (h) Streamline of the same velocity slice depicted
in (e) to emphasize the fluid recirculation at areas with –COOH. Reprinted with permission from O'Neil et al., Anal. Chem., 2016, 88, 3686–3696
(American Chemical Society).
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They showed that –COOH groups were heterogeneously distributed over the plastic substrate following activation and
both the relative density and distribution were dependent on
the activating dose. COC demonstrated a higher surface density of –COOH groups when compared to PMMA (Fig. 6A).
COMSOL investigations into the contribution of this heterogeneous distribution of surface charge on the EOF showed
distortion; however, the lower surface charge density compared to glass led to an overall lower EOF, thus an expected
minimal contribution to electrophoretic zonal dispersion because the solute's electrophoretic mobility would dominate
(Fig. 6B). They confirmed this finding by performing nanoscale electrophoresis within COC nanoslits of fluorescently labeled polystyrene (PS) particles. Evidence of stick/slip motion
was observed at low field strengths (<200 V cm−1) leading to
longer migration times and greater zonal dispersion. At
higher field strengths (>300 V cm−1), solutes were seen to
transverse the channel with fewer wall interactions leading to
a faster migration time and less dispersion.
Weerakoon-Ratnayake et al.134 investigated the separation
of silver nanoparticles (AgNP) within nanoscale PMMA columns. Dark field microscopy was used to track the transport
of AgNPs within these devices with varying slit dimensions,
buffer ionic strengths and applied electric fields. The authors
were able to demonstrate the separation of AgNPs based on
size without the addition of buffer additives, which was not
possible with microdevices. The best resolution was achieved
at high electric field strengths, which was not possible in
microscale devices due to Joule heating (Table 3). Low field
strengths (<200 V nm−1) caused decreased resolution and
plate numbers due to the presence of stick/slip motion of the
AgNPs (Fig. 7).
Single-molecule sequencing (SMS) by time-of-flight (ToF)
strategies is an immerging field of research. Along these lines,
Oliver-Calixte et al.135 showed the capability of immobilizing
λ-exonuclease onto PMMA substrates to clip dsDNA molecules
into their constituent mononucleotides (Fig. 8A). Several simulation studies have shown the possibility of the electrophoretic
separation of single mononucleotides using thermoplastic-

Table 3 Electrophoretic properties of 60 and 100 nm AgNPs at different
nanoscale electrophoresis operating conditions Reproduced with permission from Weerakoon Ratnayake et al., Anal. Chem., 2016, 88, 3569–3577
(American Chemical Society)

Depth of nanoslit
Citrate buffer
Concentration
Particle size (nm)
Field strength (V cm−1)
100
200
500
1500
Field strength (V cm−1)
100
200
500
1500

150 nm
2.00 nM

150 nm
0.05 mM

60
100
60
Plate number (N)
723
694
303
987 1320
486
2350 3000 1220
6800 9270 4370
Resolution (R)
0.089
0.022
0.77
0.33
0.57
0.74
0.67
1.1
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400 nm
0.05 mM

100

60

100

233
570
1220
4250

422
737
1750
5100

371
1090
2320
6370

0.58
0.26
0.51
0.61

based nanochannels.71,72 Novak et al.71 suggested the possibility of separating deoxynucleotide 5′-monophosphates
(dNMPs) within a 5 nm wide channel (Fig. 8B). Their study,
based on the adsorption/desorption properties of the dNMPs,
suggested that controlling the wettability of the surface may
be a reliable way to separate dNMPs using nanocolumns. In a
more recent article, Xia et al.72 showed separation of dNMPS
under high electric field strengths and varying roughness of
the nanocolumns. They observed a change in the elution order of the dNMPs depending on the roughness of the nanochannels walls.

Other applications of thermoplastic nanochannels
Thermoplastic nanofluidic devices have also been used for
the electrochemical detection of small molecules,136 investigation of enzyme reaction kinetics137 and identification of
single nucleotide polymorphisms (SNP).138
Liu et al.136 developed a protocol for the integration of
microelectrodes onto a PMMA nanofluidic device for the
electrochemical detection of biotin at concentrations as low
as 1 aM. This device was combined with nanoparticle crystals
and the use of a PMMA substrate that showed better signalto-noise and a higher sensitivity with easy fabrication compared to a glass-based device.
Yang et al.138 fabricated a high density array of nanochannels with carboxyl terminated PMMA for the immobilization of molecular recognition agents, MRAs (Fig. 9A). An
oligodeoxynucleotide (ODN-A) labeled with carboxyfluorescein was immobilized onto nanochannel walls and hybridized with rhodamine labeled ODN-B, forming a 14 base
pair double stranded DNA with 5 unhybridized bases to be
used as the MRA. Target single stranded DNA molecules were
passed through the nanochannels and allowed to interact
with the double stranded DNA complexes. Displacement of
the ODN-B from the nanochannels varied depending on the
thermodynamic stability of the newly formed double
stranded DNA, which was determined by the presence and location of SNPs on the target DNA. This device was able to detect SNPs as well as discriminate SNPs at various locations.
They utilized the nanochannels to detect SNPs in alcohol dehydrogenase 2 (ALDH2), which can be used for the evaluation
of organ susceptibility to alcohol damage. The sequence
containing one SNP showed a 50% higher displacement of
the oligodeoxynucleotide probe, thus allowing for the identification of wild type and SNP DNA.
Wang et al.137 fabricated a y-shaped nanofluidic chip in
PC and sealed the device with PDMS. This y-shaped device
was used to allow homogenous mixing of an enzyme and ligand to observe “free state” enzyme reaction kinetics in
nano-confinement (Fig. 9B). Glucose oxidase and D-glucose
were chosen as the model enzyme–ligand pair. The reaction
product, hydrogen peroxide (H2O2) was electrochemically
detected and it was determined that the “free state” activity
increased significantly compared to the immobilized and
bulk solution enzyme.
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Fig. 7 (A) Schematic of the dark field microscope and the experimental setup. The sample was mounted on a level-controlled microscope stage.
While the spider stop controlled white light missed the objective, only scattered light from the sample entered the objective. (B) Image of the
PMMA nanofluidic chip and a schematic of the device with nanoslits. (C) Schematic of the nanoslits when an external electric field was applied.
Electroosmotic flow was from anode to cathode while the electrophoretic mobility of negatively charged AgNPs was toward the anode. (D) Representation of a translocation event for a 60 nm AgNP in a nanoslit. Time-lapse image sequence of the single AgNP event with an external field
strength = 200 V cm−1. The particle translocation direction was from anode to cathode (same direction as EOF) with a translocation time of 1.3 s.
Dimensions of the nanoslits were 100 μm in length and 150 nm deep. Histograms of translocation events for 60 nm AgNPs (blue) and 100 nm
AgNPs (red) in 150 nm nanoslits with a running buffer of 0.05 mM citrate. Each histogram includes 100 events at a bias voltage of (E) 100 V cm−1,
(F) 200 V cm−1, (G) 500 V cm−1, and (H) 1500 V cm−1. Note that the time axes have different scales depending on the electric field. Weerakoon
Ratnayake et al., Anal. Chem., 2016, 88, 3569–3577 (American Chemical Society).
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Fig. 8 (A) Representative schematic of λ exonuclease immobilized onto a PMMA pillar as it processively cleaves dNMPs from a double stranded
(ds) DNA molecule. Fluorescence images showing the digestion of dsDNA by λ exonuclease immobilized onto a PMMA pillar. Oliver-Calixte et al.,
Anal. Chem., 2014, 86, 4447–4454 (ACS Author's Choice article, American Chemical Society). (B) Molecular dynamic simulations of the translocation of single dNMP molecules within nanochannels showing the separation of dCMP, dGMP, dAMP and dTMP (Novak et al., J. Phys. Chem. B,
2013, 117, 3271–3279, American Chemical Society).

Commercialization of nanofluidics for biomedical applications
Commercialization of nanofluidic devices using thermoplastic substrates holds great promise for various application
areas such as genomic mapping and DNA sequencing, but
still faces challenges. For example, it is necessary to understand physical phenomena occurring in nanochannels via
theory and simulations and supplemented with experimentation that can guide production of optimal nanoscale devices.
These areas are still in a developmental stage, especially in
attempting to adequately describe transport processes in this
transition region that depend on MD simulations (nanoscale)
and continuum theory (microscale). Density functional theory
(DFT) may be a helpful by exploiting the use of Stokes and
Poisson equations.139,140 Describing electrical flow in these
regions is complicated by the amorphous nature of thermo-
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plastics giving heterogeneous surface charge densities. Also,
assembly/bonding issues must be addressed for thermoplastic devices <50 nm in critical dimensions. Hybrid thermal
bonding techniques may prevent most of the structural deformation associated with thermal assembly, but can provide
devices with different material surface properties that can
affect device performance, for example creating unusual
electroosmotic flow profiles due to different surface charge
densities on the substrate and cover plate.
In spite of these challenges, thermoplastic nanofluidic devices can generate cost effective production pipelines that
would allow for the dissemination of nanofluidic devices into
the community via commercialization efforts. There are examples of nanofluidic devices that have reached commercialization. For example, BioNanoGenomics produces a commercial device called the Irys system, which consists of an array
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Fig. 9 (A) Schematic illustration for SNP detection based on molecular recognition using DNA-functionalized nanochannels (Yang et al., Nano
Lett., 2011, 11, 1032–1035, American Chemical Society). (B) Schematic layout of a nanofluidics chip. Green and pink colors denote enzyme and substrate, respectively; yellow denotes the reaction product. The product of the enzymatic reaction, hydrogen peroxide, was electrochemically determined as indicated by the rise of the current when the substrate, glucose, was introduced. The working electrode was aligned to the end of the
nanochannel with a distance of 20 mm. Reproduced from Wang et al., Lab Chip, 2013, 13, 1546–1553 (The Royal Society of Chemistry).

of nanochannels made in inorganic substrates. The Irys next
generation mapping (NGM) chip can handle 1 kb DNAs with
an approximate cost of $1000 per chip.141,142
Oxford nanopore produces commercial DNA sequencers that
utilize label-less detection. They've released pricing information
for the MinION Mkl sequencer suggesting $500–$900 per nanofluidic device. These devices consist of arrays of biological nanopores suspended on a thin membrane. The maximum DNA sequencing yield per flow cell was reported to be 0.5–1 gb.143
Unfortunately, there is no commercial entity that distributes thermoplastic nanofluidic devices at this writing in spite
of the potential they can offer in the commercial market due
to the ability to produce low-cost devices in a high production
mode. For example, a cost assessment of micro/nano chip production using thermoplastics and replication-based production is shown in Table 4 (note that these costs do not include
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overhead charges for commercialization and R&D operational
costs). The low cost for production of thermoplastic devices
compared to glass or silicon devices, and the high production
rate51,58 will assist in mitigating challenges currently seen in
the nanofluidic market in terms of chip cost.

Conclusions
Nanofluidics is an emerging field offering unique processing
capabilities not afforded when using microscale devices. Operating in the nanodomain allows for the interrogation of
biopolymers at the single-molecule level, elongation of DNA
for mapping or determining sequence specific variations,
unique electrophoretic separations, and DNA/RNA sequencing. Because of these unique process capabilities enabling
important applications for in vitro diagnostics, simple
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Table 4 Cost analysis for device production of microfluidic and nanofluidic devices using a “cost of goods” analysis. Please note that these production
costs do not include overhead charges or research & business development costs

Published on 09 December 2016. Downloaded by University of Kansas on 15/02/2017 12:25:00.

Microfluidics

Nanofluidics

Item

Cost/4″ chip [$]

Cost/4″ chip [$]

Master molda
Moldingb
Post-processingc
Polymer substrate
Assemblyd
Chemicals
Biologics
Electronic connects
Labor

0.10
0.20
0.25
0.25 (PMMA)
1.05
0.20
1.00
0.85
1.10

3.00
0.40
0.25
0.25 (PMMA)
3.20
0.50
1.00
3.55
2.50

Total cost per chip
Production ratee

5.00
150/day (8 h)

14.65
150/day (8 h)

a
Amortization for 1000 imprinting from single master and 20 polymer stamps. b Includes equipment amortization. c Cleaning of chip and
activation for biologic attachment. d Includes cover plate material, equipment amortization for assembly. e The production rate is limited in
both cases by the cycle time for the imprinting step for a single machine. Use of roll-to-roll imprinting will increase this production rate.

fabrication strategies of these devices that are conducive to
high-scale production with high process yield rates must be
realized to deliver devices appropriate for commercial
translation.
This paper has presented an overview of recent advancements in the fabrication, assembly and surface modification/
characterization of thermoplastic nanofluidic devices as well
as applications of such devices. Thermoplastics are particularly attractive substrates for nanofluidics because they are
capable of being produced at high production rates and lowcost using established nanoscale replication techniques, such
as NIL, roll imprinting or compression injection molding. In
fact, the challenge with producing viable nanofluidic devices
in thermoplastics is not necessarily the generation of nanostructures into the substrate, which typically involves a topdown approach, but assembly of devices without experiencing structural deformation of the patterned nanostructures.
While several successful assembly strategies with high process yield rates were reviewed herein, techniques conducive
to high scale production must be considered.
Another challenge with moving nanofluidic devices forward is careful control of the surface chemistry due to the extraordinary high surface-to-volume ratio associated with
nanoslits or nanochannels and the fact that device performance is many times predicated on surface interactions. In
addition, when using thermoplastic substrates that can possess a diverse range of hydrophobicities, viable surface modification protocols must be produced that can control the surface wettability of the device to allow for easy priming of the
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fluidic nanochannels for EK pumping. The surface chemistry
of thermoplastics is complicated because, unlike glass-based
devices that are highly crystalline, polymers are amorphous
creating disorganization in the spatial distribution of surface
functional groups. This heterogeneous spatial distribution of
functional groups can generate flow recirculation producing
less than optimal performance, such as noted for nanoscale
electrophoretic separations. However, the lower charge density on polymer surfaces compared to glass can reduce the
consequences of this artifact and also, produce lower EOFs
that can facilitate loading of charged analytes without concentration polarization effects.
Finally, the application portfolio of thermoplastic nanofluidic devices needs to be expanded. Much of the nanofluidic
reports to-date and indeed, even the commercial venue for
nanofluidic devices, have used glass-based devices mostly due
to its well-established fabrication modalities and its welldefined surface chemistry. The question becomes: can tangible
applications demonstrated in inorganic nanofluidic devices easily be transferred into thermoplastic nanofluidic devices? The
answer is not a simple one because the assembly techniques
are different and the surface chemistries are different. For example, surface activation of thermoplastics can be performed
prior to assembly using UV/O3 or O2 plasma techniques to either increase the surface wettability of the substrate and/or produce surface functional groups. However, following thermal assembly near the Tg of the thermoplastic, many of these preformed functional groups can be buried within the bulk polymer. In addition, the use of organic solvents can be problematic
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due to polymer dissolution and/or swelling making the device
non-functional.
However, the evolution of nanofluidics is not so much different than microfluidics; most of the initial applications of
microfluidics were entrenched in using glass type devices
and has now evolved into a developmental phase where thermoplastics are becoming increasingly more popular due to
the transition of microfluidics into the commercial sector
and established production pipelines to generate devices at
high scale and low cost, appropriate for in vitro diagnostics.
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